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The failure of cancer therapies in clinical settings is often attributed to the lack of a relevant tumor model

and pathological heterogeneity across tumor types in the clinic. The objective of this study was to

develop a robust in vivo tumor model that better represents clinical tumors for the evaluation of anti-

cancer therapies. We successfully developed a simple mouse tumor model based on 3D cell culture by

injecting a single spheroid and compared it to a tumor model routinely used by injecting cell suspension

from 2D monolayer cell culture. We further characterized both tumors with cellular markers for the pres-

ence of myofibroblasts, pericytes, endothelial cells and extracellular matrix to understand the role of the

tumor microenvironment. We further investigated the effect of chemotherapy (doxorubicin), nano-

medicine (Doxil®), biological therapy (Avastin®) and their combination. Our results showed that the sub-

stantial blood vasculature in the 3D spheroid model enhances the delivery of Doxil® by 2.5-fold as com-

pared to the 2D model. Taken together, our data suggest that the 3D tumors created by simple sub-

cutaneous spheroid injection represents a robust and more vascular murine tumor model which is a clini-

cally relevant platform to test anti-cancer therapy in solid tumors.

Introduction

Of all cancer-related mortality, only 10% is caused by primary
tumors while the rest of approximately 90% is attributed to
metastasis.1,2 Ovarian cancer is a lethal gynecological malig-
nancy that is diagnosed in the advanced stage. One-third of all
cases are associated with the formation of malignant ascites
due to shedding of multicellular clusters from the ovary into
the peritoneal cavity.3 Each such cluster (also referred to as a
spheroid) holds the potential to initiate tumor formation from
the metastatic lesion around the abdominal organs and even-
tually lead to patient’s death.4

Growing mini tumors ex vivo as spheroids or tumoroids in
3-dimensional (3D) culture for testing the role of hypoxia, drug
resistance and drug screening2,5 has been in practice for
several decades now.6,7 In vitro spheroids developed from 31
epithelial ovarian cancer cell lines showed stronger molecular
and histological similarity to primary tumors than cells grown
as monolayers (2-dimensional, 2D).4 Most studies which
demonstrated the in vitro spheroid forming ability of either
cancer stem-like cells sorted from the total population of
ovarian cancer cell lines8 or patient primary tumors9 involved
the injection of single cell suspension for in vivo tumorigeni-
city assays (minimum cell number to generate a tumor).
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The lack of clinically relevant animal models to test nano-
medicine therapies is cited as one of the major reasons for the
failure in clinical trials.10–12 The underlying reasons have been
partly attributed to heterogeneity in tumor features (prolifer-
ation rate and extent of necrosis), vasculature (density and per-
meability) and stroma (matrix rigidity and architecture).11

With respect to the existing animal tumor models, both syn-
geneic and xenograft models involve injecting millions of cells
that grow at an unnatural pace to form tumors quickly and
have a homogeneous cancer cell population.10 In contrast, a
genetically engineered mouse model (GEMM) mimics the de
novo generation of naturally formed tumors in coordination
with the host’s non-cancer cells and displays superior corre-
lation to a human clinical setting when compared to other
tumor models. However, as these tumors are generated spon-
taneously and their growth period is not consistent, the
response to cancer therapy yields mixed results due to the
different stages of disease presentation across the cohort.13

This lack of robustness of the model itself limits the usage of a
GEMM in routine drug screening in vivo.

In contrast, the 3D model mimics a mini-tumor with pre-
formed gradients and represents a tumor mass, which has
both proliferating cells at the surface and non-proliferating
hypoxic cells at the core6 that are most difficult to kill with
chemotherapy.14 Consequently, in this work we evaluated
whether: (1) spheroid implantation can form robust in vivo
tumors and (2) a spheroid-tumor model can be used to test the
effectiveness of different types of therapeutics.

Previous studies have shown a correlation between lipo-
some accumulation relative to higher micro-vessel density in
the treatment of head and neck cancer and non-small-cell
lung cancer.15 Furthermore, variation in the tumor vasculariza-
tion within the same type of tumor (e.g. colorectal cancer) can
also lead to different therapeutic responses across patients. In
this context, testing nanomedicine on a 3D tumor model can
also be insightful; therefore, we studied and compared the per-
formance of the first approved nanomedicine drug Doxil®16

on both 3D and 2D tumor models in parallel. Our data suggest
that the 3D model represents an alternative and clinically rele-
vant vascularized tumor to test anti-cancer therapeutics.

Results and discussion
Comparable morphology of spheroids from malignant ascites
of patients and mice

The ascitic fluid from ovarian cancer patients was assessed
immediately after harvesting (Fig. 1A). The spheroid ranged
from 50 µm to 450 µm in diameter. The mouse model of intra-
peritoneal ovarian cancer also led to the formation of ascites
in advanced stages (Fig. 1B, representative single spheroid),
similar to the spheroid formation in the patient ascitic fluid.

As not all cell lines naturally form spheroids, we first
screened the spheroid formation ability of different ovarian
cancer cell lines (Fig. S1†). NAR and Ovcar8 were selected as
they formed intact, robust, and reproducible (NAR – 391 ±

20 µm and Ovcar8 – 356 ± 8 µm; n = 12) in vitro spheroids
(Fig. 1C, representative single spheroid) and were used for
further in vivo investigation, in which each spheroid would rep-
resent a single tumorigenic unit. It is important to note that
we tested the spheroid-forming ability from the patient’s
ascites (data not shown). However, the heterogeneity of the
cancer cell population in the patient’s sample led to non-repro-
ducible spheroid formation and spheroid size in each experi-
ment. Hence, we decided to use cell lines for further experi-
ments in vivo, which are more homogeneous for effective drug
screening.

Subcutaneous injection of 3D spheroids leads to robust tumor
formation in nude mice

We next evaluated whether a single spheroid injection can lead
to the formation of reproducible subcutaneous tumors as a
mouse xenograft model. For spheroid formation, cells were
seeded at a density of 2000 cells per well on day 0 in an ultra-
low attachment 96-well plate. On day 4, the spheroid formation
was confirmed under a light microscope (Fig. 1C) and the
96-well plate was taken to the animal house at 4 °C. A single
spheroid from each well was injected per mouse. Spheroids

Fig. 1 Comparable morphology between the malignant spheroid from
(A) the patient or (B) mice ascites and in vitro formed MCTS. (A)
Microscopy image of ascites from the ovarian cancer patient shows the
presence of an intact spheroid ranging approximately 250–450 µm in
diameter (scale bar: 100 µm). (B) A single spheroid from mice ascites (50
days after tumor implantation with 5 million NAR cells) (scale bar:
100 µm). (C). mCherry-labelled NAR cells grown in a 96-well ultra-low
attachment (ULA) plate form robust and homogeneous spheroids. A
single representative spheroid is shown – 391 ± 20 µm [day 4] (n = 12)
(scale bar: 300 µm), imaged using IncuCyte® (Essen Biosciences).
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were embedded in media and Matrigel™ (1 : 1), injected sub-
cutaneously into BALB/c nude mice (Fig. 2A) and monitored
for the mCherry signal using the IVIS Spectrum® on day 14 to
confirm implantation. The tumors were, however, palpable
only at day 40 onwards. Single tumors were formed (Fig. 2B)
with both Ovcar8 and NAR derived spheroids. We observed
that NAR spheroids formed tumors in a robust, consistent
(homogeneous in size) and reproducible manner. NAR-based
spheroids were used for the rest of our experiments. 20% of
mice either did not form tumors or remained dormant for
long periods before forming tumors.

Epithelial ovarian cancer cell lines grown in vitro as 3D cell
culture proliferate slowly and show more chemo-resistance
than their 2D monolayer counterparts.4 This can possibly
explain the slow growth rate of 3D tumors in mice. The pro-
gression rate of tumors in animal models is very rapid (in
some cases reaching 5 mm in 2 weeks or less) while a relative
tumor volume in patients could take years to develop. Most
mice models involve injection of millions of cells, wherein
most cells die, generating a tumor with necrotic islets and
chaotically grown blood vessels. Thus, the current xenografted
mice models do not recapitulate the dynamics of spontaneous
cancer.

Hence, in parallel, we developed a single-cell suspension-
based 2D model to follow the same kinetics as 3D spheroids,
which exhibited slow tumor growth. Three different cell den-

sities (5 × 103, 5 × 104 and 5 × 105) of NAR cells (media and
Matrigel™ (1 : 1)) were injected subcutaneously into different
groups of mice and evaluated with respect to tumor volume
and necrosis (Fig. S2A†). Each group of mice showed a large
standard deviation of tumor volume. The H&E staining of
tumor sections (Fig. S2B–D†) of 2D tumors excised after
2 months showed a correlation between the necrotic area and
the number of cells injected. Overall, injection of 5 × 105 cells
formed big tumors very quickly (187.1 ± 119.9 mm3 on day 65)
with a large necrotic core, while injection of 5 × 103 cells
showed large standard deviations across tumors (71.34 ±
30.7 mm3 on day 65). The growth rate of 2D tumors formed by
the injection of 5 × 104 cells (96.8 ± 40.7 mm3 on day 65) was
most comparable with that of a spheroid-based 3D tumor
(84.97 ± 16.7 mm3 on day 65). On this basis, 5 × 104 NAR cells
were used for injection in the subsequent experiments for the
2D tumor model.

Growth of the 3D spheroid tumor model supported by
extensive fibrovascular septa and numerous functional blood
vessels

In order to evaluate the pathology of the 2D and 3D tumors
with respect to the role of the tumor microenvironment, tumor
tissues were excised carefully from the mice and stained with
H&E and IHC markers of endothelial cells and myofibroblasts.
H&E staining of the whole tumor sections (Fig. 3) shows slow
radial growth of 3D spheroids in vivo as one tumor unit with
more proliferative tumor cells in the periphery and necrosis
mostly in the centre (Fig. 3A). In contrast, the 2D model grew
as few scattered clusters (island pattern) with less blood
vessels and more necrosis seen throughout the tumor sections
(Fig. 3B). The number of proliferative cells that stained positive
for Ki67+ was higher in the 3D tumor model (Fig. 3C) than in
the 2D tumors (Fig. 3D). The 3D tumors grew in an organized
fashion with more endothelial cells (CD31+; Fig. 4E and F),
myofibroblasts (αSMA+; Fig. 4A and B), and extracellular
matrix (Sirius Red staining for collagen; Fig. 3E, superimposed
H&E image for Fig. 3G). Fibrovascular septa were present
throughout the 3D tumor, which appear as small islets of
tumor cells supported by blood vessels and surrounded by
myofibroblasts. The 2D tumor model, on the other hand,
exhibited fewer numbers of blood vessels (Fig. 4F and H) and
thinly distributed collagen deposition (Sirius Red, Fig. 3F and
H) due to a scant number of myofibroblasts (Fig. 4B and D).

The difference in the in vivo tumor microenvironment
observed by pathological analysis of the two models (Fig. 3)
was further verified by quantitative PCR expression of different
genes involved in stroma–tumor cross-talk (FAPα, NG2),
hypoxia (HIF1α) and angiogenesis (MMP9, CD31) (Fig. 4I). The
expression of NG2, a marker for perivascular pericytes, was
higher in 3D tissues than in 2D tumor tissues. Since extensive
endothelial cell staining was observed in 3D tissues (Fig. 4E
and G), CD31 expression was quantified by RT-PCR and corre-
lated well. Myofibroblasts are absent in the normal ovary
tissue but have marked presence in the epithelial ovarian
cancer tissue.17 Higher expression of FAPα in RT-PCR corre-

Fig. 2 In vivo spheroid implantation in mice. (A) A total volume of
150 µL Matrigel media (1 : 1) encasing a single spheroid is picked from
each well (of an ultra-low attachment 96-well plate) using a 21G syringe
and injected subcutaneously into the mice on the right flank. (B) Mice
injected with mCherry labelled-Ovcar8 or -NAR spheroids 48 days post
spheroid implantation were monitored using the In Vivo Imaging System
(IVIS, PerkinElmer).
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lated with the dense presence of αSMA. Both αSMA and FAPα
are myofibroblast markers which are present in abundance in
3D tissues (Fig. 4A and C). High αSMA expression has been
shown to correlate with earlier disease recurrence and
enhanced tumor aggressiveness in patients with serous
ovarian carcinoma.18

Secretion of HIF1α from the hypoxic 3D spheroid core poss-
ibly attracts both fibroblasts and endothelial cells during the
establishment of the tumor niche19 to mediate tumorigenesis
and metastasis.20 This could be the result of the presence of
hypoxia in spheroids at the time of implantation in mice.
Hence, we evaluated the expression of hypoxia-related genes:
carbonic anhydrase 9 (CA9) and HIF1α in 4 day spheroids as
compared to the expression in cells grown in 2D cell culture
(Fig. S3†). The expression of both the genes was 3–10-fold
higher in both the cell lines compared to the 3D counterparts,
suggesting their role in promoting angiogenesis from the time
of implantation in mice. In addition, we performed pimonida-
zole staining of NAR spheroids (2000 cells per well; 391 ±
20 µm on day 4) which indicates severe hypoxia in cells at a
pO2 of 10 mm Hg or lower (around 1.2% oxygen) but does not
show severe hypoxia (Fig. S4A†) under routine culture con-
ditions. However, exposure of spheroids for 6 (Fig. S4B†) and
24 h (Fig. S4C†) to tissue normoxic conditions (8% O2), reflect-
ing in vivo conditions upon implantation in mice, results in
rapid and progressive oxygen deficiency in spheroid cells.

The presence of additional blood vessels in the 3D tumor
model could potentially be due to a 4- and 2-fold higher
expression of MMP9 and HIF1α respectively (Fig. 4I). MMP9 is

established to assist in tumor progression and growth by
degrading the basement membrane to cleave the membrane
bound VEGF from endothelial cells, which further facilitates
angiogenesis.21 MMP9 up-regulation has also been associated
with a decrease in ovarian cancer survival clinically.21 As a
result of reactive tumor stroma in the 3D model, increased
deposition of ECM components or fibrosis22 is evident
(Fig. 3G and E). Ovarian cancer is also known to form highly
fibrotic tissues with a well-knit ECM, providing support to
tumor cells.23

Overall, we observed that the 3D tumor model developed
here from the drug resistant NAR cell line follows a slow pro-
liferation rate and corresponds to a highly dynamic TME
formed in clinically resistant tumor types rich in activated
fibroblasts and supportive vasculature.

The effect of different classes of cancer therapeutics on the
tumor growth rate in 2D and 3D models

Morphologically, spheroid-derived tumors grew as single,
visibly round and uniform tumors (Fig. 5E, 3D) compared to
the 2D tumors, which in some cases grew as elongated or mul-
tiple tumor subsets (Fig. 5E, 2D). In order to evaluate the effect
of therapies on the two mice tumor models we chose to work
with formulation-free doxorubicin (F-Dox) as a representative
chemotherapy; Doxil®, liposomal doxorubicin, as a representa-
tive nanomedicine (see the physicochemical characterization
in Fig. S4†) and Avastin® to represent biological therapeutics.
The rationale for using F-Dox in this study was based on the
prevailing use of Doxil® for the treatment of ovarian cancer24

Fig. 3 Histopathology of tumor models: Cross-sections of 3D (A) and 2D (B) tumor samples on day 90 [scale bar: 2 mm]. 3D tumors show less
necrosis predominantly in the centre (arrows) as compared to patchy necrosis throughout the 2D tumor tissue. In 3D tumors, Ki67 positive mitotic
cells showed stronger immunostaining and are mostly present in the periphery of spheroid-derived tumors, (C) whereas in the 2D model, Ki 67 posi-
tive cells showed weaker staining. (D) The presence of collagen fibres was evaluated with Sirius Red staining in 3D (G) and 2D (H) tumor sections.
The spheroid-derived tissue (G) shows cancer cell growth supported by an extensive extracellular matrix; the superimposed H&E section (E) shows
the deposition of fibres around blood vessels. The 2D tumor showed less and scattered collagen deposition (H: Sirius Red, F: H&E) [scale bar: A and
B: 2 mm; C and D: 100 µm; and E–H: 400 µm].
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and the ease of quantification of the fluorescent drug.25 The
treatments were given alone or in combination as shown in
the scheme (Fig. S5†). Except for F-Dox, differences in the
therapeutic efficacy were observed between 3D (Fig. 5A, 3D)
and 2D (Fig. 5B, 2D) models across treatment groups.

Examining the effect of different kinds of therapeutics
(Fig. 3) on the growth kinetics of only the 2D model for pre-
clinical assessment would lead to a false conclusion: Doxil®
shows equivalent efficacy to F-Dox. However, the same experi-
ment performed on the 3D model revealed that Doxil® is

much more efficacious than F-Dox. We hypothesize that in the
2D model, since the blood vessels are less organized, drug dis-
tribution is mostly achieved by passive diffusion through a
loose ECM and necrotic area in the tumor mass. However, in
the 3D model F-Dox is less effective due to small passive
diffusion through a tighter ECM. Doxil®, on the other hand,
shows significantly higher accumulation and anti-tumor
efficacy in the 3D tumor model (Fig. 6D) either when adminis-
tered alone or in combination with Avastin®, due to a more
vascularized tumor structure. Effectively, this shows an accen-
tuated enhanced permeability and retention (EPR) effect in the
3D tumors but not in the 2D tumor models.

Treatment with Avastin® alone exhibited low therapeutic
effects on the 3D tumor and no effects on the 2D tumor
model. On the other hand, in both 3D and 2D models, co-
administration of Avastin® improved the delivery of both
F-Dox and Doxil®. Interestingly, a similar magnitude of thera-
peutic benefit was achieved when F-Dox was co-administered
with Avastin® in both 3D and 2D tumor models leading to
reduction in tumor volumes by 2.6- and 2.4-fold respectively,
in comparison with the control group.

In the 3D model, treatment with Doxil® was highly effica-
cious (Fig. 5A, 3C) as compared to the treatment of the 2D
model (Fig. 5B, 3D). In the 3D model, tumor volumes were sig-
nificantly reduced when Doxil® was administered either alone
(∼4.8-fold) or in combination with Avastin® (∼10-fold) as com-
pared to the control group. Nanocarrier delivery to tumors is
predominantly a function of blood vessels.26–28 The superior
therapeutic effect of Doxil® in the 3D in vivo model as com-
pared to the 2D model could possibly be explained on the
basis of the extent of angiogenesis that was further evaluated.

Improved Doxil® delivery to 3D tumors owing to the increase
in the number of blood vessels

In order to understand the superior therapeutic effects of
Doxil® in 3D tumors, we evaluated the functionality of blood
vessels by co-staining the vessels with endothelial cells and
pericytes. Pericytes lining around endothelial cells are respon-
sible for the maturity of blood vessels, making them func-
tional.29 The blood vasculature is markedly aberrant in tumor
tissues. This is characterized by high tumor interstitial fluid
pressure (IFP), poor perfusion of oxygen, and inadequate cov-
erage of pericytes around the endothelial cells (Fig. 6A, cross-
section of normal blood vessels in mouse skin). We found that
the few blood vessels that were present in the 2D tumors
showed anomalous localization of pericytes around the endo-
thelial cells (Fig. 6B). In contrast, the 3D tumors exhibit the
presence of thick pericytes around almost all endothelial cells
(Fig. 6C). Large blood vessel lumina were markedly present
throughout the 3D tissue as compared to the 2D tumors.

Next, we wanted to evaluate how the presence of blood
vessels and pericyte coverage around endothelial cells corre-
lates with doxorubicin delivery (F-Dox or Doxil®) in both 2D
and 3D tumor tissues. 2 hours post intravenous injection, sig-
nificantly higher accumulation (∼2.5-fold) of doxorubicin deli-
vered via Doxil® was observed in all the 3D tumor samples as

Fig. 4 Stromal components of the tumor microenvironment in the two
models: H&E and IHC staining of 3D (A, C, E, G) and 2D (B, D, F, H)
tumor sections. (A–D) 3D tumor sections (A, C) having more myofibro-
blasts than 2D tumor sections (B, D) stained with αSMA; (E–H) endo-
thelial cells stained with CD31; 3D tumor sections (E, G) having more
blood vessels than 2D tumor sections (F, H); (I) relative quantification of
genes in 3D tumor sections compared to 2D tumor sections. HIF1α –

hypoxia inducible factor 1α; FAPα – fibroblasts activated protein (myo-
fibroblast marker); MMP9 – matrix metalloproteinase 9; NG2 – neural/
glial antigen-2 (pericyte marker); CD31 – cluster of differentiation 31
(endothelial cell marker); n = 3; [scale bar: A–D: 300 µm; E–H: 200 µm].
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Fig. 5 Growth kinetics of 2D vs. 3D tumors in mice: (A) the 3D spheroid-based tumor and (B) the 2D-based tumor. Mice were administered with
F-Dox (5 mg kg−1), Doxil® (5 mg kg−1) or Avastin® (25 mg kg−1) alone or in combination. One-way ANOVA followed by Dunnett’s Multiple
Comparison Test was performed for treatment versus control in (C) 3D tumors and (D) 2D tumors; p < 0.01. (E) IVIS images normalized to show the
extent and intensity of mCherry tumors in vivo for 3D and 2D tumors on day 84.

Fig. 6 Assessment of blood vessel functionality and doxorubicin accumulation in tumor models. Blood vessel functionality was evaluated by immu-
nofluorescence staining of: pericytes (aSMA, green), endothelial cells (CD31, red) and nucleus (DAPI, blue) on 90-day tumor sections. The presence
of pericytes around endothelial cells indicates functional blood vessels: (A) skin (control), (B) 2D tumor, and (C) 3D spheroid tumor. (D) 3D- and 2D-
based tumor bearing mice were injected with an equivalent dose of F-Dox and Doxil®. 1 hour post injection, the mice were sacrificed, and tumors
were excised and lysed to extract doxorubicin. Doxorubicin was quantified by spectroscopy. Over 2.5-fold higher accumulation of doxorubicin was
observed in 3D tumors when delivered via Doxil® (scale bar: 20 µm).
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compared to the 2D tumors (Fig. 6D). This might be a strong
evidence for the improved therapeutic response of Doxil® in
the 3D tumor model as compared to the 2D model. The
accumulation of doxorubicin delivered via F-Dox was almost
negligible in the 3D tumors as compared to the 2D tumors,
which might be due to a dense extracellular matrix as shown
by the presence of stromal components in the 3D tumor
(Fig. 3G).

Our work correlates with pronounced accumulation of
doxorubicin delivered via Doxil®, which is associated with
increased microvessel density in a phase I clinical trial in head
and neck and non-small cell lung cancer patients.15

The synergistic effect of Avastin® can be explained by nor-
malization of blood vessels owing to the blockage of angio-
genic signaling.30 This normalization of blood vessels leads to
reduced microvessel density (number of vessels per square
millimeter) and maturation of nascent vessels through active
pericyte recruitment (number of αSMA + vessels per number of
blood vessels).31 By both these mechanisms, decreased vascu-
lar permeability likely ensues, also decreasing the interstitial
fluid pressure of the tumor. The normalization of blood
vessels in the tumor tissue delivers drugs in more effective
ways,28,32 explaining the increased delivery of Doxil® to 3D
tumors in our work. Furthermore, vascular normalization with
Avastin® contributed to enhanced penetration of both F-Dox
and Doxil®.

Avastin® co-administration with anti-cancer treatment
showed superior therapeutic efficacy than that achieved with
either F-Dox or Doxil® administered alone. This can possibly
be explained by the previous work of Jain et al.31 which
reported that a therapeutic benefit was observed in breast
cancer patients due to Bevacizumab (Avastin®) mediated
pruning and normalizing of the pre-existing blood vessels.
However, the effect was beneficial only for the breast cancer
patient cohort where a sufficient number of blood vessels were
already present (in our case – the 3D tumors). However,
additional extravasation mechanisms such as transendothelial
transport of F-Dox or Doxil® from the luminal to the ablum-
inal side of endothelial cells through the tumor matrix can
also explain the enhanced therapeutic effect.33

Thus, differences in the tumor architecture in terms of the
ECM and functional vascular networks can explain drug pene-
tration of F-Dox versus Doxil® treatment. This provides insight
into why most drugs fail in clinical trials, and hence the need
to develop more clinically relevant and robust tumor models.

Conclusions

In this work, we establish a robust tumor model that can be
created by simple subcutaneous injection of pre-formed spher-
oids. On the basis of histopathology, the 3D spheroid model
exhibits slower growth, possibly recapitulating the tumor
origin. The proliferative zone is organized within a framework
of extensive myofibroblasts and endothelial cells forming
fibrovascular septa. Hence, the 3D tumor model certainly

shows a greater degree of tumor–stroma interaction as com-
pared to the 2D tumor model. Although 3D in vitro cell culture
is known for a long time, we further developed the 3D spher-
oids as an in vivo tumor model and employed it to test Doxil®
and Avastin® as representatives of anti-cancer therapies. Our
results demonstrate that the presence of functional blood
vessels is paramount to enhancing the delivery of Doxil® to
tumors. This antitumor effect can be further accentuated by
modulation of the tumor vasculature with an antiangiogenic
agent (Avastin®), which rectifies the structural abnormalities
and makes the blood vessels more functional for drug delivery
strategies. The existing 2D models enable the study of the
interactions between nanocarriers and tumors with little vas-
cularization. The 3D model enables the exploration of how
nanocarriers interact with highly vascularised tumors, thus
providing a platform to produce more effective nanocarrier-
based treatments.

Additional characterization of 3D spheroid tumors and
their comparison to clinical tumors would warrant the under-
standing of drug distribution profiles in phenotypically dis-
tinct tumor types.

Experimental section
Materials

96-Well ultra-low attachment plates were purchased from
Greiner Bio-one, Frickenhausen, Germany. Doxorubicin and
Doxil® were obtained from Teva Pharmaceutical Industries
(Israel) and Janssen Pharmaceutica (Belgium) respectively.
Avastin® (Roche) was a kind gift from Prof. Ido Wolf, Tel Aviv
Sourasky Medical Center. The following antibodies were used:
Ki67 (SP6) (275R-14, Cell Marque); alpha Smooth Muscle Actin
(NB300-978, Novus Biologicals); and CD31 (250590, Abbiotec).
Picro Sirius Red was purchased from Abcam (ab150681). The
cDNA Reverse Transcription Kit and the EzRNA purification kit
were purchased from Quanta Biosciences and Biological
Industries, Beit Haemek, Israel, respectively. The Step one
Sequence Detection System and SYBR green were obtained
from Applied Biosystems Foster City, CA. For spheroid stain-
ing, primary anti-pimonidazole antibody and DAPI were
obtained from Hypoxyprobe™-1, hpi Inc and Dako, USA
respectively. Secondary fluorescence-labeled antibody (Alexa
Fluor 488 goat anti-rabbit) and fluorescent mounting medium
were purchased from Invitrogen.

Tumor cell lines and spheroid culture

Monolayers of Ovcar3, Ovcar4, Ovcar8 and NCI/Adriamycin
Resistance (NAR) cells were cultured in RPMI-1640 media sup-
plemented with 10% fetal bovine serum, penicillin (100 U
mL−1), streptomycin (0.1 mg ml−1) and L-glutamine (2 mM).
Following trypsinization and counting, spheroids were gener-
ated by seeding different cell densities (500–5000 cells) per
well in 200 µl media (Fig. S1A†) on a 96-well ultra-low attach-
ment, rounded-bottom plate. Formation of spheroids and
their growth kinetics were assessed after 96 h until day 13
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(Fig. S1B†), using a phase contrast microscope (Eclipse Ti,
Nikon, Tokyo, Japan). Ovcar8 and NAR were selected for in vivo
testing.

NAR cells were stably transfected with the pEF1alpha-
mCherry-N1 vector (Clontech) using the Lipofectamine 2000
transfection reagent (Invitrogen). The cells were positively
selected using 0.5 mg mL−1 G418 24 h after the transfection.
Ovcar8 cells were stably transduced using the pLL-CMV-
mCherry lentivirus. Transduced cells were sorted according to
their mCherry expression, and the highest mCherry population
was collected.

Ascite collection from a patient and a mouse intraperitoneal
ovarian cancer model

Ascites were collected during primary debulking surgery from
an ovarian cancer patient with recurrent disease. The study
was approved by the Institutional Review Board of the Wolfson
Medical Center affiliated to the Sackler School of Medicine, Tel
Aviv University and was performed in accordance with the NIH
Guidelines. Informed consents were obtained from human
participants of this study. All animal protocols were approved
by Tel Aviv University’s Institutional Animal Care and Use
Committee.

Mice were injected with 5 million NAR cells intraperitone-
ally and monitored routinely to follow weight gain to assess
the formation of ascites. On day 50, the mice were sacrificed
and the ascitic fluid was harvested from the peritoneal cavity.

Imaging of ascites from both the patient and mice was
done using a phase contrast microscope (Eclipse Ti, Nikon,
Tokyo, Japan).

Subcutaneous injection of NAR spheroids in mice

Athymic nude female mice (6 weeks old) were purchased from
Envigo (Israel). The mice were maintained and treated accord-
ing to the National Institute of Health guidelines. All animal
protocols were approved by the Tel-Aviv Institutional Animal
Care and Use Committee. For tumor implantation in the 3D
model, 2000 cells were seeded per well in 200 µl media. On
day 4, the diameter of spheroids was approximately ∼400 µm,
and the number of cells in a single spheroid was determined
to be in the range of 6500–7200.

Spheroids, syringes, Matrigel™, PBS, and tips were placed
in a tissue culture hood and pre-cooled in an ice bucket to
maintain a temperature below 4 °C. 125 µl media were
removed carefully and 75 µl Matrigel™ was added to each well
of the 96-well plate. In a 21G syringe, the dead volume was
removed by pre-filling with sterile PBS and then a single spher-
oid embedded in Matrigel™: the medium (1 : 1) was injected
subcutaneously (S.C.) into the right flank of SCID-nude mice.
Each well of the 96-plate was subsequently checked under a
light microscope to ensure that the spheroids were picked
from each well.

For the development of a 2D model, a single cell prepa-
ration of NAR cells was obtained following trypsinization. 5 ×
103, 5 × 104 and 5 × 105 NAR cells (in 150 µl media and
Matrigel™ (1 : 1)) were injected S.C. (Fig. S2†). The 2D model

was set up by choosing an injection of 5 × 104 cells, as the
tumors exhibited a lower standard deviation than, compara-
tively less necrosis than and similar growth kinetics to the 3D
model. The tumor volume was measured using an electronic
caliber and the tumor volume was calculated using the
formula: (length × (width)2)/2.

Treatment and tumor growth kinetics

Implantation of spheroids was confirmed by using the In Vivo
Imaging System (IVIS) Spectrum (PerkinElmer, Waltham, MA,
USA) on day 14 post spheroid injection in mice. Mice from the
treated group were administered intravenously with Avastin®
(25 mg kg−1), doxorubicin (5 mg kg−1), or Doxil® (5 mg kg−1)
alone or in combination once a week for 4 weeks (Fig. S5†).

Quantification of mRNA levels by qPCR

Tumor tissues that developed from the NAR xenografted 2D
and 3D models were collected and stored immediately at
−80 °C. For RNA extraction, 2 mg of tissue per sample was
used, cut into small pieces and homogenized in lysis solution
with a handheld homogenizer. RNA was extracted using the
EzRNA purification kit. The quality of RNA was checked in
denaturing gel and only the samples with good quality of RNA
were used in the study. 1 µg of RNA from each sample was
reverse transcribed into cDNA using the cDNA Reverse
Transcription Kit. A standard curve was plotted using 1–100 ng
of cDNA and their respective Ct (threshold cycle) values. 10 ng
of cDNA was found to be optimal for evaluating the expression
of the genes used in this study. Real-time amplification was
performed with the step one Sequence Detection System using
SYBR green. The gene expression level in the xenografted 3D
tumor tissue as compared to the 2D tumor tissue was analyzed
by 2-ΔΔCT method and plotted as a fold change in the graph.
The following primer sequences were used for qPCR:

HIF1α Fwd: 5′TTCACCTGAGCCTAATAGTCC3′
HIF1α Rev: 5′CAAGTCTAAATCTGTGTCCTG3′
MMP9 Fwd: 5′TTGACAGCGACAAGAAGTGG3′
MMP9 Rev: 5′GCCATTCACGTCGTCCTTAT3′
Fapα Fwd: 5′CCAGTTCCAGAAATGATAGCC3′
Fapα Rev: 5′GACAGGACTGAGACATTCTGC3′
CD31 Fwd: 5′TACAGTGGACACTACACCTG3′
CD31 Rev: 5′GACTGGAGGAGAACTCTAAC3′
NG2 Fwd: 5′CGCTGACCTCCGATGTTC3′
NG2 Rev: 5′AAGTTGCCACGCTTGTCC3′
Col1a Fwd: 5′ACGCATGGCCAAGAAGAC3′
Col1a Rev: 5′GGTTTCCACGTCTCACCATT3′

Doxil® characterization

Doxil® lipid composition (Fig. S4†) was characterized for phos-
pholipid concentrations by the modified Bartlett method34

and for individual lipid components by high-performance
liquid chromatography coupled with evaporative light-scatter-
ing detection (ELSD). The size distribution and polydispersity
index (PDI) were determined by dynamic light scattering (DLS)
using a Malvern Zetasizer Nano ZS instrument
(Worcestershire, UK) at an angle of 173°. For this, Doxil
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samples were diluted 1 : 50 in sterile saline (0.9% NaCl) and
pre-filtered through a 200 nm pore-membrane. The zeta poten-
tial was also determined using a Malvern Zetasizer Nano ZS
instrument. For zeta potential measurements, Doxil was
diluted in 1.5 mM sodium nitrate; drug encapsulation was
determined using the cation exchanger Dowex 50 assay.18

Direct imaging of the liposomes was performed by cryo-TEM
as previously described.35

All the acquired images were analyzed using the Vironova
Analyzer Software (VAS, Vironova AB, Stockholm, Sweden).
Automatic particle picking was performed on the relevant
images, followed by a manual curation step, during which
falsely detected particles were removed and undetected par-
ticles of interest were added. An independent review of the par-
ticle detection was performed in order to limit the number of
erroneously identified particles.

Histological analysis

On completion of the study, the animals were sacrificed and
the tumors were dissected and kept in formalin solution. The
tumors were then transferred to ethanol, cut into 5 µm thick
sections on an RM2235 microtome (Leica Biosystems) to
perform Hematoxylin and Eosin (H&E) or immunohistochem-
istry (IHC) staining with the following antibodies: Ki67, alpha
Smooth Muscle Actin, and CD31. Images were acquired with
an Aperio VERSA digital pathology scanner (Leica Biosystems).

Pimonidazole staining of spheroids

2000 or 7000 cells per well were seeded in a 96-well ultralow
attachment plate on day 0. Spheroids grown under tissue nor-
moxic conditions were exposed to 8% O2 using a BioSpa8 incu-
bation system (BioTek). 4-Day spheroids were carefully har-
vested from the 96-well plates with cut tips and washed twice
with PBS. For measurements, serial cryostat sections with a
thickness of 5 µm through the center region of spheroids were
made. To visualize hypoxia, spheroids were exposed to 20 µg
ml−1 pimonidazole (green, 1 : 2500) for 2 h at 37 °C before
shock-freezing and further processing. Cell nuclei (blue) were
counterstained with 1 µM DAPI.

Doxorubicin accumulation in tumors

Doxorubicin was quantified as previously described.25 NAR
cell-based tumor bearing mice were randomly divided and
were treated when the mean tumor diameter was in the range
of 6 to 8 mm. Doxorubicin and Doxil were injected intra-
venously at a dose equivalent to 5 mg kg−1 to enable quantifi-
cation of the drug in tissues. The mice were sacrificed 2 hours
later, and tumors were excised, weighed and immediately
frozen at −80 °C. The tumors were cut into small pieces and
homogenized using stainless steel beads (SSB14B) in the
Bullet Blender Storm 24 (Next Advance Inc., USA) in acidified
isopropanol (81 mM HCl in isopropanol). The fluorescence of
doxorubicin was quantified using the a Synergy HT multi-
mode microplate reader (BioTek, VT, USA) with an excitation at
490 nm and an emission maximum at 560–590 nm using a
standard curve as was previously shown.36,37

Statistical analysis

Statistical analysis was performed using GraphPad Prism 5.03
software (GraphPad Software, San Diego, CA, USA). The results
are presented as mean ± SEM. More than two groups were ana-
lyzed using one-way ANOVA followed by the Bonferroni post-test.
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